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ABSTRACT For more than 30 years, the fundamental
goal in molecular motility has been to resolve force-generating
motor protein structural changes. Although low-resolution
structural studies have provided evidence for force-generating
myosin rotations upon muscle activation, these studies did not
resolve structural states of myosin in contracting muscle.
Using electron paramagnetic resonance, we observed two
distinct orientations of a spin label attached specifically to a
single site on the light chain domain of myosin in relaxed
scallop muscle fibers. The two probe orientations, separated
by a 36° 6 5° axial rotation, did not change upon muscle
activation, but the distribution between them changed sub-
stantially, indicating that a fraction (17% 6 2%) of myosin
heads undergoes a large (at least 30°) axial rotation of the
myosin light chain domain upon force generation and muscle
contraction. The resulting model helps explain why this
observation has remained so elusive and provides insight into
the mechanisms by which motor protein structural transitions
drive molecular motility.

Muscle contraction results from the relative sliding between
actin and myosin filaments, and most models suggest that
filament sliding is driven by a large structural change of
actin-bound myosin heads, usually depicted as an axial rotation
on the order of 45° (1–3). However, resolving distinct myosin
structural states in muscle has been difficult, because active
muscle contains a heterogeneous population of myosin heads,
each independently cycling through different structural states.
Changes in x-ray diffraction (4), birefringence (5), electron
microscopy (6), and fluorescence (7) upon muscle contraction
are consistent with myosin head motions, but evidence for
distinct myosin orientational states has not been provided by
these techniques, suggesting that either distinct orientations do
not exist or these techniques have insufficient orientational
resolution to detect them.

Electron paramagnetic resonance (EPR) has the orienta-
tional resolution needed to detect multiple orientations of
nitroxide spin labels, because each spin label orientation
corresponds to a unique splitting between the three narrow
spectral lines. Therefore, by covalently attaching a spin label to
a specific site on myosin in muscle and orienting the muscle
fiber in the magnetic field, myosin orientations with respect to
the fiber axis can be determined. Multiple orientations of
myosin in muscle, as well as the degree of disorder about those
orientations, can be determined by resolving the spectrum of
an oriented fiber into a sum of spectra with different splittings
(8).

Previous EPR studies revealed two structural states of the
spin-labeled catalytic domain, the globular region of myosin

that regulates actin–myosin crossbridges through ATP binding
and hydrolysis. These structural states are characterized by a
single orientation in the strong-binding biochemical states
(high actin affinity) and microsecond dynamic disorder in the
weak-binding biochemical states (low actin affinity). A small
fraction (20%) of myosin heads was observed to undergo a
disorder-to-order transition of the catalytic domain upon
muscle activation (9–14), suggesting that only a small fraction
of myosin heads is well oriented, strongly bound, and gener-
ating force during muscle contraction. The disorder-to-order
transition of the catalytic domain suggested that any distinct
rotation of the myosin head must occur in the myosin LC
domain (15, 16), a long (85Å) heavy-chain a-helix with bound
regulatory and essential light chains (17). Biochemical (18, 19),
structural (17, 20–22), and spectroscopic (13, 16, 23, 24) data
support this model, suggesting that the light chain (LC) domain
might rotate as a rigid lever arm while the catalytic domain
remains rigidly bound to actin.

To test this model, spectroscopic studies have recently
focused on probes attached specifically to the regulatory light
chain (RLC) of the LC domain in muscle fibers. In most of
these studies, considerable disorder was reported, two distinct
probe angles were not resolved, and little or no orientational
change was detected upon contraction (24–27). In fluores-
cence polarization studies, the reported disorder could be the
result of a broad distribution among multiple LC domain probe
orientations that are simply unresolved by this technique.
Furthermore, previous studies have used rabbit muscle prep-
arations that require harsh RLC-exchange conditions and
result in less than 50% exchange in fibers, with little or no
characterization of the functional incorporation of RLCs.
Therefore, disorder of the LC domain probes may arise from
nonfunctional heads or nonspecifically bound RLCs. In scallop
muscle, nearly complete RLC exchange is achieved under
milder conditions, and the strong dependence of Ca sensitivity
on the RLC permits a quantitative measure of functional RLC
binding (28). Therefore, to resolve the structural states of the
myosin LC domain in functioning muscle, we have performed
EPR experiments on spin-labeled RLC in scallop muscle
fibers.

MATERIALS AND METHODS

Labeled Regulatory Light Chains. We used myosin RLC
from smooth muscle because it contains a single Cys that
ensures specific spin-labeling and has been shown to restore
Ca-sensitive function in scallop muscle when exchanged with
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native RLC (28). RLC was purified from chicken gizzard
myosin (29) and labeled with a cysteine-specific spin probe,
3-(5-f luoro-2,4-dinitroanilino)-2,2,5,5-tetramethyl-1-pyrro-
lidinyloxy (FDNASL), by incubation with 2.5-fold molar excess
FDNASL (pH 7, 4°C) for 20 hr. The spinyprotein ratio was
0.9 6 0.1 (n 5 7), indicating complete and specific reaction
with the single thiol on Cys-108. Unless otherwise indicated, all
uncertainties are SEM.

RLC-Exchanged Scallop Fiber Bundles. Skinned fiber bun-
dles, approximately 0.25 mm in diameter, were prepared from
scallop (Placopecten magellanicus) adductor muscle (30) with-
out Triton treatment (control). Native RLC was removed by
perfusing buffer A (40 mM NaCly0.1 mM NaN3y10 mM Mops,
pH 7) plus 15 mM EDTA over fibers at 26°C for 1 hr
(extracted). These fibers were then incubated in buffer A plus
2 mM MgCl2 and 2 mgyml spin-labeled RLC for 2 hr on ice,
and finally perfused with buffer A plus 2 mM MgCl2 for 15 min
(labeled). To obtain fibers in which most myosin molecules had
labeled RLC on only one head and no RLC on the other,
resulting in constitutive (Ca-independent) activation, fibers
were extracted at 10°C for 30 min (removing about half the
RLC), labeled, and extracted at 26°C for 1 hr (28, 31) to
remove the remaining native RLC; chicken gizzard RLC is not
removed by this treatment.

Minced fibers were prepared by cutting fibers with small
scissors. Myofibrils were prepared by homogenizing minced
fibers with a tissumizer. Minced fibers or myofibrils were
placed in a flat sample cell or a capillary. ATP was introduced
by photolysis of caged ATP in the flat cell (32) or by perfusion
of ATP-containing buffer through a capillary with the sample
trapped by glass wool.

RLC-Exchanged Rabbit Psoas Muscle Fiber Bundles. Bun-
dles of rabbit psoas muscle fibers were dissected from glycer-
inated muscle strips (33). Native RLC was removed (,30%)
by perfusing the fibers with extraction buffer (20 mM imida-
zoley20 mM KCly5 mM EDTAy5 mM CDTAy2 mM EGTAy
0.1 mM NaN3y15 mM trif luoperazine, pH 6.7) plus 0.05%
Triton for 15 min and without Triton for 105 min at 10°C
(extracted). Extracted fibers were incubated in rigor buffer
(130 mM KPry20 mM Mopsy6 mM MgCl2y1 mM EGTAy0.1
mM NaN3, pH 7) with 1.7 mgyml spin-labeled RLC and 0.2
mgyml troponin C for 5 hr on ice, then perfused with rigor
buffer for 15 min.

EPR Acquisition and Analysis. High-resolution detection of
the LC domain probe orientation was obtained from EPR
spectra of these fiber bundles during continuous perfusion.
X-band EPR spectra were acquired at 25°C as previously
described (13). Spectral simulations and nonlinear least-
squares fits were performed on a Cray-C916 by using the
program AMOEBA (34), extended and rewritten by Edmund C.
Howard.

Buffers. Rigor buffer contained 20 mM Mops, 5 mM MgCl2,
1 mM EGTA, and 0.1 mM NaN3. Relaxation and contraction
buffers contained, in addition, 5 mM ATP, 20 mM creatine
phosphate, and 0.25 mgyml creatine phosphokinase; in con-
traction, pCa was 4.0. Ionic strength was adjusted to 200 mM
with potassium propionate, and pH was adjusted to 7.0 with
potassium hydroxide.

RESULTS

Scallop Fiber Characterization. In scallop muscle, Ca sen-
sitivity of tension and ATPase activity provide a quantitative
measure of the extent and specificity of RLC removal and
reincorporation (Table 1). Seventy-five percent of the RLCs
were removed, and RLC reincorporation was complete, spe-
cific, and functional, as evidenced by gel electrophoresis and
Ca sensitivity. This preparation has three major advantages
over previous LC domain spectroscopic studies: (i) most heads
are labeled, (ii) the fraction of nonspecifically bound RLCs is

small (,5%), and (iii) most probed RLCs are functionally
incorporated.

The LC Domain Orientation Is Sensitive to the Physiolog-
ical State in Muscle. EPR spectra of these fibers are highly
sensitive to the fiber’s orientation in the magnetic field (Fig. 1),
showing that the probes and, therefore, the LC domains to
which they are bound, have substantial orientational order in
muscle. Significant spectral differences among the physiolog-
ical states of rigor (no ATP), relaxation (ATP), and contrac-
tion (ATP 1 Ca) are observed in oriented fibers (Fig. 1) but
not in randomly oriented fibers (Fig. 2), showing that essen-
tially all of the observed spectral changes are the result of
reorientation of the LC domain probe relative to the fiber axis.

The spectrum of randomly oriented fibers in rigor (Fig. 2
Upper) was fit to a spectrum simulated from a random orien-
tational distribution (Fig. 2 Lower) to determine the orienta-
tion-independent parameters (Fig. 2, legend) used in analyzing
spectra of oriented samples. The imperfect fit suggests that
probe motion and local environment have subtle effects on
certain spectral features. However, these small deviations in
spectral features do not significantly affect the subsequent
analysis, which focuses on the dramatic changes in spectral line
splittings (Fig. 3) that are the result of large orientational
changes of well defined effective probe axes (36). More
complex models, such as allowing two different values of Tzz,

FIG. 1. EPR spectra of oriented fibers. Spectra shown (from top,
down) are fibers in rigor, relaxation, and contraction. The significant
difference between the spectra of fibers oriented parallel (black) and
perpendicular (gray) to the magnetic field shows that the probes are
well ordered in all three physiological states.

Table 1. Characterization of scallop muscle fiber bundles

Fiber
preparation

Total
RLCyELC
(6SEM)

Tension Ca
sensitivity*
(6SEM)

Myofibril ATPase
Ca sensitivity*

(6SD)

Control 0.87 6 0.03 0.95 6 0.01 0.97 6 0.01
(n 5 14) (n 5 23) (n 5 6)

Extracted 0.21 6 0.02 0.13 6 0.19 0.28 6 0.07
(n 5 16) (n 5 7) (n 5 4)

Labeled 0.86 6 0.05 0.91 6 0.06 0.93 6 0.02
(n 5 13) (n 5 17) (n 5 6)

*Isometric tension and myofibril ATPase were measured (35) under
EPR relaxation and contraction conditions. Ca sensitivity is [1 2
(relaxationycontraction)]. Active tension was similar for control and
labeled fibers and was in the range of 1–2.5 Nycm2, as previously
reported for scallop fiber bundles (30). The essential light chain
(ELC) is not removed by the extraction procedure, so the ratio of
RLCyELC, determined from ureaypolyacrylamide gels, reflects the
RLC content.
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improved the fits to the spectra in Fig. 2, but had no significant
effect on the conclusions about probe orientation.

Two Distinct Spectral (Orientational) Components. EPR
spectra of oriented fibers in rigor, relaxation, and contraction

show different relative intensities of two distinct components,
shown clearly by the two peaks of the low-field spectral lines
(Fig. 3A, black arrows). We show below that these two
components correspond to two orientational probe popula-
tions, so the spectral line intensities correspond to the mole
fractions of these two populations. Digital subtraction of any
two experimental spectra unambiguously resolved the same
two distinct spectral components, V1 and V2, which were
uniquely simulated (as discussed below) as two distinct Gauss-
ian populations having central angles, u1 and u2, of 74° and 38°
with respect to the fiber axis (Fig. 3 B and C).

Therefore, the spectra in all three physiological states are
uniquely and completely described by different linear combi-
nations of the same two distinct spectral components (Fig. 3):

V~H! 5 x1V1~H! 1 x2V2~H!, [1]

corresponding to two distinct orientational populations (Fig. 4):

r~u! 5 x1r1~u! 1 x2r2~u!, [2]

where x1 and x2 are mole fractions (x1 1 x2 5 1), H is magnetic
field strength, and u is the probe’s tilt from the fiber axis.

An exact fit of the low-field peak is complicated by a slight
spectral shoulder. This spectral feature is also observed in the
absence of fiber orientation (Fig. 2) and therefore is an effect
of the local probe environment. Although we cannot rule out
the possibility that this shoulder or other small variations in the
shape of spectral lines represent subpopulations within r1 or
r2, the small residual in Fig. 3D indicates that differences
among or transitions between any subpopulations are small
compared with the large angle difference between the two
main populations (36°) and the significant population shift
between them.

Quantitative Analysis of the Two Orientational Popula-
tions. Multiple splittings in an EPR spectrum are easily
resolved into distinct spectral components (Fig. 3) because of
the high orientational resolution of EPR. Because EPR spectra
are well defined by basic physical principles, each spectral
component can be quantitatively described through computer
simulations as a distinct orientational population of the probe.

In all simulations, each orientational population was as-
sumed to have a Gaussian distribution, ri, with a central angle
ui and a full width at half-maximum of Dui (Fig. 4). A single
Gaussian distribution gave a poor fit to the spectra in relax-
ation and contraction, but gave a good fit to each of the
resolved spectral components V1 and V2. For each spectral
component, Vi, both ui and Dui were varied until the best fit was
obtained. V1 (Fig. 3B) was best fit by a distribution r1 with u1
5 74° 6 3° and Du1 5 24° 6 2°, and V2 (Fig. 3C) was best fit
by a distribution r2 with u2 5 38° 6 4° and Du2 5 49° 6 4° (Fig.
4). The difference between the two angles, u1 2 u2, is 36° 6 5°.
Similar results were obtained by fitting each of the spectra in
Fig. 3A to a sum of two Gaussian distributions.

Distribution Between the Two Orientational Populations.
For each physiological state, the relative contributions of V1

FIG. 2. EPR spectra of randomly oriented fibers. Spectra shown
(from top, down) are fibers in rigor, relaxation, contraction, and
simulation of the best fit to the rigor experimental spectrum. The
simulated spectrum has a Lorentzian line width of 2.2 G, Gaussian line
width of 2.8 G, anisotropic T values Tzz 5 29.9 G, Tyy 5 9.8 G, and Txx
5 8.3 G, and g values gxx 5 2.0072, gyy 5 2.0068, and gzz 5 2.0035.

FIG. 3. Two resolved orientational components derived from EPR
spectra of spin-labeled scallop muscle fibers. (A) Spectra overlaid in
rigor (cyan), relaxation (orange), and contraction (magenta). (B and
C) Resolved spectral components V1 (red) and V2 (green) were
obtained by subtraction of rigor and relaxation spectra, yielding unique
endpoints (9). Each of the black spectra in B and C is the best-fit
simulation (34) to a single, oriented population of the probe’s principal
axis (double-headed arrow) with respect to the fiber axis (vertical,
dashed line). The residual spectrum (D) shows the small difference
between the contraction spectrum and a linear combination of V1 and
V2 (Eq. 1, x1 5 0.33, x2 5 0.67).

FIG. 4. Gaussian orientational distribution for each component
determined by fitting EPR spectral components V1 and V2 (Fig. 3) to
simulated spectra corresponding to ri(u) 5 exp 2 {(ln2)[(u 2
ui)y(Duiy2)]2}y*(ri(u)sinudu).
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and V2 to the experimental spectrum, V, determine the mole
fractions, x1 and x2, of the two populations in that state (Eqs.
1 and 2). In relaxation (Fig. 5A), r1 and r2 are equally
populated (x2 5 0.50 6 0.02, n 5 24). Calcium activation
(contraction, Fig. 5B) moderately increases the fraction of r2
(x2 5 0.67 6 0.03, n 5 17), whereas ATP removal (Fig. 5C,
rigor) results in a dramatic increase in r2 (x2 5 0.92 6 0.02, n 5
24).

Without the high orientational resolution of EPR, changes
in the complex shape of the overall distribution (Fig. 5, black)
might mistakenly be approximated by a variety of models, the
simplest being a small change in the average angle (Fig. 5, blue
marker) of a single population. Although the difference be-
tween the central angles of the two populations is large (36° 6
5°), muscle activation (contraction) shifts only a fraction (17%
6 2%) of the heads from r1 to r2, resulting in a small change
('3°) in the average probe angle.

Rotation Correlates with Force. The nearly complete and
fully functional RLC exchange possible in scallop make it the
ideal muscle for this study, but scallop’s myosin-based Ca
regulation raises the possibility that the observed LC domain
probe rotation is a local change. We exclude this possibility,
because addition of Ca to rigor fibers had no significant effect
on the distribution (Fig. 6A), and the fraction of the 38°
population in relaxation (x2 5 0.50) was increased not only by
Ca-activation and ATP removal (Fig. 3), but also by partial
depletion of the RLCs (x2 5 0.60 6 0.02, n 5 3) (Fig. 6B),
which activates scallop muscle even in the absence of Ca.

LC domain probe rotations between rigor and relaxation
and between relaxation and contraction (with and without
calcium) show that transitions between the two structural
states are coupled to transitions between the weak- and

strong-binding states, two generalized biochemical states char-
acterized by different myosin affinities for actin (37). However,
transitions among strong-binding states (addition of 5 mM
MgADP, Fig. 6C, or 0.1 mM free Ca21 to rigor, Fig. 6A) or
among weak-binding states (addition of 5 mM vanadate to
relaxation, Fig. 6D) had no significant effect on either com-
ponent (61°) or the mole fraction (,3%). This suggests that
the strong-binding states are predominantly the 38° popula-
tion, r2, and that all weak-binding states have approximately
equal fractions of the two oriented populations, r1 and r2.

Two LC Domain Probe Populations in Skeletal Muscle. To
test the generality of our results, we repeated these experi-
ments on rabbit skeletal muscle fibers, which are actin-filament
regulated. We resolved two distinct spectral components (Figs.
7 B and C) from EPR spectra of fibers in rigor, relaxation, and
contraction (Fig. 7A), which were then simulated as two LC
domain probe orientational populations similar to those in
scallop.

However, in contrast to scallop muscle, a disordered pop-
ulation was required to completely describe the experimental
spectra of all three physiological states (Fig. 7D) and, upon
activation, the shift from r1 to r2 was almost undetectable
(,4%).

The disordered spectral component suggests the presence of
nonspecifically bound RLCs (38), whereas the slight popula-
tion shift on activation suggests that either a relatively small
fraction of heads rotate, or predominantly unlabeled heads
rotate in rabbit. Current preparations of probed-RLC rabbit
fibers have less than 50% of the myosin heads labeled with no
measure of functional incorporation. These preparations will
need to be improved before we can determine whether the
differences between rabbit and scallop data are significant.
Nevertheless, these results clearly show that two distinct LC
domain probe orientations exist in rabbit muscle that are
remarkably similar to those observed in scallop.

DISCUSSION

Because most of the myosin heads in our experiments are
specifically and functionally labeled with probes that are well
oriented on the LC domain, EPR will detect small (,2°) axial
rotations of the LC domain, and therefore this study directly
tests the prediction of LC domain rotation.

The two distinct EPR spectral components, V1 and V2 (Fig.
3), clearly indicate two distinct probe populations, r1 and r2
(Fig. 4), corresponding to two distinct LC domain structural

FIG. 5. The overall angular distribution r(u) (Eq. 1, plotted in
black), of spin-labeled LC domain in scallop fibers for different
physiological states, showing contributions from the two oriented
components, r1 (red) and r2 (green), as determined from the EPR
spectra in Fig. 2. The average value of u for the overall distribution, 7u8
5 *usin(u)r(u)du, is indicated in blue. (A) Relaxation: r1 and r2 are
both populated. (B) Contraction: the distribution shifts toward r2. (C)
Rigor: r2 is predominant.

FIG. 6. Controls. (A) Addition of calcium to rigor had no signif-
icant effect on the spectrum. (B) Partially extracted fibers, which are
activated by ATP with or without calcium, show essentially the same
spectra as unextracted fibers that have been Ca-activated. On addition
of vanadate, the overall distribution shifts toward that of relaxation.
(C) Addition of ADP to rigor and (D) addition of vanadate to
relaxation had little effect on the original spectrum.
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states. Control experiments indicate that the probe orienta-
tions, u1 and u2, in these two states are invariant with respect
to changes in the physiological state, and that the mole
fractions of these structural states change only in response to
a change in the balance between weak and strong actin-binding
states. These results show clearly that changes at the actomy-
osin interface induce a change in the distribution of LC domain
structural states. The most likely interpretation is that these
structural states correspond to two orientations of the LC
domain. Therefore, we propose that the two orientational
populations, r1 and r2, represent two distinct myosin structures,
M1 and M2 (Fig. 8), with LC domains axially separated by 36°
6 5°. This axial separation of the two LC domain structures
could be even greater than 36° if the probe’s principal axis is
not in the plane of axial rotation, or if the two LC domain
orientations are on opposite sides of the 90° plane of fiber
symmetry (24).

Evidence for two LC domain orientations has been reported
previously in studies of isolated myosin heads (S1) bound to
actin. EPR (22) and electron microscopy reconstructions (21,
39) of S1-decorated actin filaments have shown ADP-induced
transitions between two distinct LC domain orientations.
However, these transitions are not directly related to force
generation in muscle, because in those experiments S1 was
unstrained and not mechanically coupled to the myosin fila-
ment, and the structural changes were observed for S1 from
nonmuscle and smooth muscle myosin but not for S1 from
striated muscle. Furthermore, ADP has little or no effect on
force in rigor muscle (40) and ADP has no effect on LC domain
probe orientation in scallop muscle (Fig. 6C).

A 36° rotation of the LC domain is consistent with other
observed force-generating myosin transitions. In vitro motility
assays have shown 5- to 10-nm myosin step sizes (41, 42) that
can be explained by a 30–40° rotation of a 10-nm LC domain.
Fluorescence polarization studies (7, 24) have shown a corre-
lation between a small change (#3°) in the average LC domain
angle and force. Our results show a similar change in average
angle (3°, Fig. 5) upon muscle contraction, but EPR clearly
resolves this as a small change in the mole fractions of M1 and
M2 rather than a small change in the actual orientation of the
LC domain.

The present study significantly extends previous studies by
(i) resolving two distinct myosin structures in intact muscle
fibers, (ii) showing that both structures are present in all
physiological states, and (iii) detecting a small fraction of
myosin heads that shift between the two structures upon
muscle activation.

Fig. 8 shows the observed coupling between the generalized
biochemical states (weak- and strong-binding) and the struc-
tural states of both the catalytic domain (disordered and
ordered) and the LC domain (M1 and M2). In rigor, only the
strong-binding biochemical state is populated and the struc-
tural state of myosin is characterized by the ordered catalytic
domain and the M2 LC domain orientation. In relaxation only
the weak-binding biochemical state is populated and the
structural state of myosin is characterized by a dynamically
disordered catalytic domain (11, 14) and both M1 and M2 LC
domain orientations. Upon muscle activation a fraction (10–
20%) of myosin heads (i) shifts from the weak- to strong-
binding states (43), (ii) shifts from the disordered to ordered
catalytic domain structure (9, 11), and (iii) shifts from the M1
to M2 LC domain orientation.

In the weak-binding state, the catalytic domain is disordered
and interacts weakly with actin, so the two LC domain orien-
tations, M1 and M2, are probably ordered by interactions with
the core of the myosin filament. If the M2 LC domain structure
is stabilized when the catalytic domain binds strongly to actin,
myosin heads with the M1 orientation would rotate more than
30° to M2 on muscle activation, resulting in filament sliding and
force generation. A cycle is easily established if ATP binds
preferentially to the M2S structural state, which would occur
if the transition from M1S to M2S is coupled to a product-

FIG. 7. EPR spectra of spin-labeled rabbit muscle fibers. (A)
Spectra overlaid in rigor (cyan), relaxation (orange), and contraction
(magenta). (B and C) Orientational components V1 (red) and V2
(green) were obtained as in Fig. 2, with the additional subtraction of
up to 40% of a powder spectrum (D). Black spectra in B and C are the
best-fit simulations of Gaussian distributions centered at 73 6 5° and
44 6 5° with full width at half-maximum of 24 6 5° and 40 6 5°,
respectively.

FIG. 8. A myosin crossbridge model. Force is generated upon the
transition from weak (Left) to strong (Right) actin binding, which is
coupled to a change in the distribution between two myosin head
structures, M1 and M2, having LC domain orientations that differ by
at least 36°. The stretched spring (Right Lower) indicates that force has
been produced and does not necessarily correspond to a specific
structural feature.
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release step or is faster than the rate of ADP release. On ATP
binding, the myosin head returns to the weak-binding state,
where the myosin filament core reprimes the myosin head by
reestablishing the equal distribution between M1 and M2.

Our results indicate why the observation of LC domain
rotation on contraction has been so elusive. Techniques that
are sensitive to the mass of the entire head do not resolve these
two structures, because the massive catalytic domain is dy-
namically disordered most of the time and undergoes no
distinct rotation (9, 10). Therefore, it is essential to monitor the
small mass of the LC domain. Furthermore, only a small
fraction of heads rotates between two distinct but partially
disordered LC domain orientations, so a technique with high
orientational resolution is essential for detecting these two
orientations and the transitions between them.

Because EPR has the necessary specificity and resolution,
we have detected two LC domain orientations axially sepa-
rated by at least 30°. The distribution between these two
myosin structures is modulated primarily by the force-
generating, weak-to-strong actin-binding transition and is not
tightly coupled to ATP binding or hydrolysis, showing that
17 6 2% of the heads rotate by at least 30° upon muscle
contraction. The implications of these results support a new
framework for exploring energy transduction systems, in which
molecular engines work by modulating a distribution between
existing structural states through ligand binding and protein–
protein interactions, rather than driving new structures that
are directly coupled to the bound ligand (44).
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